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Comparison of different modes of antibiotic

delivery on gut microbiota depletion
efficiency and body composition in mouse

Pauline Tirelle1,2†, Jonathan Breton1,2,3†, Gaëtan Riou2,4, Pierre Déchelotte1,2,3, Moïse Coëffier1,2,3 and David Ribet1,2,5*
Abstract

Background: The use of animal models with depleted intestinal microbiota has recently increased thanks to
the huge interest in the potential role of these micro-organisms in human health. In particular, depletion of
gut bacteria using antibiotics has recently become popular as it represents a low cost and easy alternative to
germ-free animals. Various regimens of antibiotics are used in the literature, which differ in composition, dose,
length of treatment and mode of administration. In order to help investigators in choosing the most
appropriate protocol for their studies, we compared here three modes of antibiotic delivery to deplete gut
bacteria in C57Bl/6 mice. We delivered one of the most frequently used combination of antibiotics (a mix of
ampicillin, neomycin, metronidazole and vancomycin) either ad libitum in drinking water or by oral gavage
once or twice per day.

Results: We quantified the global bacterial density, as well as the abundance of specific bacterial and fungal
taxa, in mouse feces in response to antibiotics exposure. We observed that oral gavage once a day with
antibiotics is not a reliable method as it occasionally triggers hyperproliferation of bacteria belonging to the
Escherichia/Shigella taxon and leads, as a consequence, to a moderate decrease in fecal bacterial density.
Antibiotics delivery by oral gavage twice a day or in drinking water induces in contrast a robust and
consistent depletion of mouse fecal bacteria, as soon as 4 days of treatment, and is associated with an
increase in fecal moisture content. Extending exposure to antibiotics beyond 7 days does not improve total
bacteria depletion efficiency and promotes fungal overgrowth. We show in addition that all tested protocols
impact neither gut microbiota recolonization efficiency, 1 or 2 weeks after the stop of antibiotics, nor mice
body composition after 1 week of treatment.

Conclusions: Our study provides key experimental data and highlights important parameters to consider
before selecting an appropriate protocol for antibiotic-mediated depletion of gut bacteria, in order to
optimize the accuracy and the reproducibility of results and to facilitate comparison between studies.

Keywords: Gut microbiota, Gut microbiome, Intestinal microbiota, Intestinal microbiome, Antibiotics, Mouse
model, Dysbiosis, Fecal bacteria, Antifungals, Escherichia
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Background
The intestinal tract of mammals harbors trillions of
micro-organisms which, altogether, constitute a complex
and dynamic ecosystem. This ecosystem includes bac-
teria, archaea, fungi, protozoans and viruses that play
key roles in the host physiology. Bacteria constitute an
essential part of the gut microbiota. In humans, the in-
testine was estimated to contain about ~ 4.0 × 1013 bac-
teria per individual [1]. The dominant intestinal bacterial
phyla present in humans are Firmicutes (~ 60–65%),
Bacteroidetes (~ 20–25%), Proteobacteria (~ 5–10%) and
Actinobacteria (~ 3%) [2]. The role of the intestinal
microbiota in human physiology has gained a huge
interest during the last 10 years. Alteration in the com-
position or metabolic activities of the gut microbiota has
been linked to diseases such as chronic inflammatory
diseases, obesity, cardiovascular diseases, cancers, or
even behavioral disorders [3–6]. However, most studies
published so far are only observational and show associ-
ations between gut microbiota and diseases, without
proving causation [3]. Manipulation of gut microbiota in
animal models constitutes a key experimental approach
to demonstrate causality between gut microbiota dysbio-
sis and the occurrence of symptoms distinctive of a
given disease. In particular, mouse models with depleted
gut microbiota have been increasingly used over the last
years to get further insights into the role of these micro-
organisms in the occurrence or chronicity of human
diseases.
Two main methods are generally used to obtain mice

depleted for intestinal bacteria: germ-free mice and
antibiotic-treated mice. Germ-free mice are considered
as the gold standard to study the effect of the complete
absence of microbes, to establish mice with precisely de-
fined microbiota composition (gnotobiotic mice) or to
perform intestinal microbiota transfer experiments [7–
9]. However, this model remains inaccessible to many
investigators as it requires specialized facilities (these an-
imals being bred in isolators to keep them free of detect-
able bacteria, eukaryotes and viruses) and are very
costly. As a consequence, treatment of animals with
broad-spectrum antibiotics has quickly emerged as a low
cost and easy alternative method to deplete mice gut
bacteria. Various regimens of antibiotics have been used
in the literature, which differ in composition, dose,
length of treatment and mode of administration [8]. In
order to help investigators to select the most appropriate
protocol for their research project, we compared here
three modes of administration (ad libitum in drinking
water or via oral gavage once or twice per day) of one of
the most frequently used combination of antibiotics (a
mix of ampicillin, neomycin, metronidazole and vanco-
mycin broadly targeting gram-positive, gram-negative
and anaerobic bacteria) [8, 10–19]. We quantified the
efficiency of bacteria depletion in mouse feces induced
by these different modes of administration, the impact
of these antibiotics on the abundance of several bacterial
and fungal taxa and the speed of gut bacteria
recolonization after the stop of antibiotics. We also
monitored the impact of antibiotics on fecal moisture
content and on mouse body composition (lean and fat
mass).

Results
In order to compare how different modes of antibiotics
delivery may affect mouse gut microbiota and body
composition, we compared 4 groups of animals: one
group received antibiotics by oral gavage twice a day
(2xG-ATB group), one group received antibiotics by oral
gavage once a day (1xG-ATB group), one group had an-
tibiotics added in drinking water (DW-ATB group) and
the last group did not receive antibiotics (no ATB
group). Animals receiving antibiotics were treated during
12 days and were then kept for another 14 days, without
antibiotics.
To evaluate the efficiency of antibiotic-mediated gut

bacteria depletion, we monitored the density of fecal
bacteria by both flow cytometry (using a fluorescent dye
staining nucleic acids; Fig. 1a) and by qPCR on DNA ex-
tracted from feces (using 16S rRNA specific primers;
Table S1). To validate our flow cytometry-based quanti-
fications, we compared the fecal bacterial loads esti-
mated by either flow cytometry or qPCR, using
eubacteria-specific primers, in a set of 54 fecal samples
coming from both untreated and antibiotic-treated mice.
Although these two methods present independent biases
which hampers direct comparison [20, 21], we observed
that the fecal densities determined by our two ap-
proaches were strongly correlated (Spearman’s r = 0.85,
two-tailed P < 0.0001) (Figure S1).
We used our flow cytometry-based approach to moni-

tor fecal bacterial density during the 12 days of antibiotic
treatment (Fig. 1b) and during the 14 days of recovery,
after the stop of antibiotics (Fig. 1c). We observed that
all modes of antibiotic administration induce a strong
decrease in the density of fecal bacteria in comparison to
untreated mice (Fig. 1b). This decrease is detected after
only 4 days of treatment. For mice receiving antibiotics
by oral gavage twice per day or in drinking water, the
decrease in fecal bacterial density was strong (> 20-fold
decrease) and not significantly different between Day 4
and 12 (P > 0.1; Mixed-effects analysis with Tukey’s cor-
rection). This suggests that maintaining antibiotics ad-
ministration more than 4 days does not further decrease
fecal bacterial loads. In addition, we did not observe sig-
nificant differences in the bacterial depletion efficiencies
between these two modes of antibiotic delivery at Day 4,
7 and 12, indicating that these two protocols have



Fig. 1 Effect of antibiotics on fecal bacterial density and fecal moisture content in mice. a Flow cytometry gating strategy for quantification of
bacterial densities. Acquisition plots for fecal samples from untreated mice (no ATB; top) and mice treated with antibiotics by oral gavage twice a
day during 1 week (2xG-ATB; bottom) are represented. A first gate was defined based on green fluorescence/SSC-A channels to exclude debris or
background events (gate 1). A secondary gating was performed on events from gate 1 to count bacteria and to exclude events with low green
fluorescence and high red auto-fluorescence intensities. The volume analyzed by the flow cytometer for each sample was determined by
quantifying the number of calibrating beads detected in gate 2. b Flow cytometry-based quantification of bacterial density in mice feces during
antibiotic treatment (means ± SEMs, n = 12–15; Kruskal-Wallis test with Dunn’s correction). c Flow cytometry-based quantification of bacterial
density in mice feces during recovery from antibiotic treatment (means ± SEMs, n = 9–10; Kruskal-Wallis test with Dunn’s correction). d Moisture
content in mice feces during antibiotic treatment (values are expressed as fold-change compared to untreated mice; means ± SEMs, n = 12–15;
one-way ANOVA with Holm-Sidak’s correction). e Moisture content in mice feces during recovery from antibiotic treatment (values are expressed
as fold-change compared to untreated mice; means ± SEMs, n = 8–10; one-way ANOVA with Holm-Sidak’s correction). Labeled plots without a
common letter differ; P < 0.05; *, P < 0.05 versus “no ATB” group; **, P < 0.01; ***, P < 0.001; NS, not significant
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similar impact on the global fecal bacterial loads. For
mice receiving antibiotics by oral gavage once per day,
we noticed strong variations in bacterial depletion effi-
ciency between experiments. Among 4 independent ex-
periments, we observed a strong decrease in fecal
bacterial densities at Day 7 only in two experiments. For
the other two experiments, we observed a limited de-
crease in fecal bacterial densities, which correlated with
the hyperproliferation of specific Gammaproteobacteria
(see below; Figure S2).
We then evaluated the efficiency of gut microbiota

recolonization 1 or 2 weeks after the stop of antibiotic
treatment. After 1 week of recovery (Day 19), we ob-
served an increase in the density of fecal bacteria which
illustrates partial gut recolonization (Fig. 1c). After 2
weeks (Day 26), all mice recovered at least 50% of their
initial gut bacteria and we did not observe significant
differences in fecal bacterial densities between the differ-
ent groups of antibiotic-treated mice (Fig. 1c). These re-
sults suggest that the gut is quickly recolonized after the
stop of antibiotics and that there is no major effect of
the mode of antibiotic delivery on the gut recolonization
efficiency in the tested conditions.
In parallel to the quantification of fecal bacterial dens-

ity, we evaluated the moisture content in mice feces dur-
ing the protocol. All mice treated with antibiotics exhibit
a significant increase in fecal moisture content at Day 4,
Day 7 and Day 12 (Fig. 1d). After 1 week of recovery,
mice receiving antibiotics via drinking water or oral gav-
age twice a day still exhibit increased moisture content
in feces, whereas no significant differences between con-
trol and antibiotic-treated mice were observed after 2
weeks (Fig. 1e). This progressive return to normal of
fecal moisture content is consistent with the previously
observed gut recolonization of mice by bacteria 2 weeks
after the stop of antibiotics (Fig. 1c).
In order to better characterize the impact of antibiotics

on the composition of the gut microbiota, we monitored
by qPCR the abundance of several bacterial taxa, includ-
ing major phyla of mouse intestinal microbiota:
Eubacteria, Archaea, Bacteroidetes, Firmicutes, Betapro-
teobacteria, Deltaproteobacteria, Escherichia/Shigella
and Verrucomicrobia. We quantified the relative abun-
dance of these taxa in mouse feces after 4, 7 and 12 days
of antibiotic treatment (Fig. 2) and compared the de-
duced microbiota structures using principal components
analyses (Fig. 3). These analyses were first performed on
one of the two experiments described above showing a
weak decrease in bacterial density after antibiotic deliv-
ery by one daily oral gavage. As expected, untreated
mice clearly cluster separately from antibiotic-treated
mice from Day 4 to Day 12. In agreement with our
quantification of fecal bacterial densities, we observed
that mice receiving antibiotics by oral gavage twice a day
or in drinking water cluster together, whereas mice re-
ceiving antibiotics by oral gavage once per day constitute
a separate group (Fig. 3 and Figure S2). The detailed
analysis of the relative abundance of bacterial taxa in
mice receiving antibiotics by twice daily oral gavages or
in drinking water revealed a strong and persistent de-
crease for all tested taxa from Day 4 to Day 12 (Fig. 2).
In contrast, we observed for mice treated once daily by
oral gavage a weaker decrease in the abundance of sev-
eral independent taxa and a strong hyperproliferation of
the Escherichia/Shigella taxon (Fig. 2 and Figure S2). A
similar analysis was then performed on the second ex-
periment showing a weak decrease in bacterial density
after antibiotics delivery by oral gavage once per day. It
also revealed an hyperproliferation of the Escheri-
chia/Shigella taxon in this group of mice (Figure S2),
thereby confirming that this mode of delivery
occasionally increases the abundance of specific
Gammaproteobacteria.
We took advantage of these qPCR quantifications to

evaluate the efficiency of Amphotericin-B, which was
co-administrated to mice in our experimental setup to
prevent fungal overgrowth, as a consequence of bacterial
depletion. We quantified the abundance of fungi in mice
feces using 18 s rRNA specific primers and probes (Fig.
2). We did not observe significant increases in fungi
levels after 4, 7 and 12 days of treatment for mice receiv-
ing antibiotics in drinking water or by oral gavage once
a day (an increase was observed for both treatments at
Day 12, which did not reach significance; Fig. 2). For
mice receiving antibiotics twice a day by oral gavage, a
significant increase in fungal abundance was observed
after 7 and 12 days of treatment (× 2.7 ± 0.7 and × 29.9 ±
15.2, respectively, compared to untreated mice). This in-
crease is indicative of a fungal overgrowth in these par-
ticular conditions, despite the administration of
Amphotericin-B (Fig. 2).
We finally monitored the impact of antibiotic treat-

ments on mice body weight and composition. No signifi-
cant differences in body weight was observed between
control mice and mice receiving antibiotics (either in
drinking water or via oral gavage once per day) between
Day 4 and Day 12. Mice receiving antibiotics by oral
gavage twice per day showed a slight and transient de-
crease of body weight at Day 7 (< 5% decrease compared
to untreated mice). In parallel, we evaluated mice body
composition after 7 days of antibiotic treatment or at the
end of the recovery period (Day 26). We did not observe
any significant differences in the percentage of fat or
lean mass between untreated and antibiotic-treated mice
(Fig. 4). Antibiotics have thus no effect on mouse body
composition after 1 week of antibiotic treatment or 2
weeks after the stop of antibiotics in the tested
conditions.



Fig. 2 Fecal abundance of different bacterial and fungal taxa. Relative quantification of different bacterial and fungal taxa in mouse feces after 4,
7 or 12 days of treatment, as determined by qPCR analysis (values are expressed as fold-change of the mean abundance in untreated mice and
represented as whisker plots with minimum and maximum values, n = 4–5 per group; Labeled plots without a common letter differ; P < 0.05,
one-way ANOVA with Tukey’s correction)
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Discussion
Antibiotic-mediated depletion of gut bacteria in animals
constitutes an interesting alternative to germ-free animals
to study microbiota-dependent phenotypes. Indeed, experi-
mentation on germ-free mice is associated with several
technical difficulties including the breeding in isolators, the
regular monitoring for contamination or the necessity to
rederive each individual mouse strain to be studied under
germ-free conditions. In addition, germ-free animals
present several developmental defects and are impaired in
the early education of the immune system [22]. Antibiotic-
mediated depletion of gut bacteria is, in contrast, inexpen-
sive, does not require specialized equipment, can be applic-
able to any genotype, and does not present developmental
defects. However, this approach has also limitations includ-
ing the incomplete depletion of gut bacteria compared to
germ-free animals, a possible effect of antibiotics on
eukaryotic cells and the diversity of antibiotic regimens
used so far between published studies that challenges com-
parison of the observed phenotypes [8].
In order to help investigators selecting the most ap-

propriate protocol for their studies, we provide here
experimental data on the differential impact of three
modes of antibiotic administration. Of note, in our
experimental setup, mice were co-housed in a
treatment-dependent manner. This co-exposure of
mice to each other during antibiotics treatment and
after recovery may affect the composition of their gut
microbiota and results may differ if mice were singly-
housed. Our data show that delivering antibiotics by
oral gavage only once per day results in variable fecal
bacteria depletion efficiencies. Indeed, this mode of



Fig. 3 Effect of antibiotics on mouse gut microbiota composition.
Principal components analyses of mice treated or not with
antibiotics during 4, 7 or 12 days, based on the quantification of
nine bacterial and fungal taxa by qPCR
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delivery may occasionally lead to the hyperprolifera-
tion of Gammaproteobacteria, which partially com-
pensates the decrease in the abundance of other taxa
and leads to a completely dysbiotic microbiota. This
mode of antibiotic delivery thus seems inappropriate.
In contrast to this first mode of administration, anti-
biotic delivery in drinking water or via oral gavage
twice per day induces a strong and consistent deple-
tion of fecal bacteria (> 20-fold decrease after 4 days
of treatment). The observed efficiencies of bacteria
depletion with these two protocols are of the same
order of magnitude than the ones reported in other
studies using similar protocols [8, 11–13, 15, 17, 19].
Interestingly, no significant difference in fecal bacteria
depletion was observed between these protocols. Al-
though the amount of ingested antibiotics is less con-
trolled for mice receiving antibiotics via drinking
water (as it depends on the daily water intake, which
varies between animals), our result shows that it does
not significantly change gut bacteria depletion effi-
ciency compared to two daily oral gavages. Interest-
ingly, we did not observe significant improvement in
fecal bacteria depletion between Day 4 and Day 12
for these protocols. In contrast, we observed an in-
crease in fungi abundance between Day 7 and 12.
This suggests that extending antibiotic treatment be-
yond 7 days may not be justified as it increases the
amount of antibiotics used, the total duration of ani-
mal experimentations and the risk of fungal over-
growth. We further show in this study that all tested
modes of antibiotic administration do not impact
mice body composition after 7 days of treatment, nor
gut microbiota recolonization efficiency after the re-
moval of antibiotics. We also observed that all proto-
cols induce an increase in fecal moisture content
between Day 4 and Day 12, that is restored 2 weeks
after the stop of antibiotics. This increase in fecal
moisture content is consistent with previous reports
[23, 24]. As intestinal transit time was shown to be
increased by antibiotic treatment in several studies
[23–25], the observed increase in fecal moisture con-
tent is probably linked to alterations in intestinal fluid
secretions as a consequence of antibiotic-mediated
bacteria depletion [26–28].
Our results suggest that antibiotics provided in

drinking water or via oral gavage twice per day con-
stitute equivalent protocols (for treatment periods
shorter than 7 days). Other parameters should thus be
considered by investigators before selecting one of
these two protocols. It has been reported that admin-
istration of broad-spectrum antibiotics in drinking
water may increase baseline morbidity and mortality
in mice [12, 13]. In particular, the taste of some anti-
biotics may refrain mice from drinking the antibiotic-
containing solution, leading to dehydration and sig-
nificant loss in body weight (> 20% loss after 3–6 days
of treatment) [12, 13]. In our protocol, we did not
observe any significant changes in body weight for
mice drinking antibiotic-containing water, even after
12 days of treatment. This divergence of results is
probably due to either differences in the strains/geno-
types of the animals used or to differences in the
housing environment. Thus, a preliminary study
assessing the potential dislike of a given mouse model
to antibiotics in drinking water should be performed
by investigators before going on with larger studies
using this protocol. The addition of sweeteners in
drinking water might also be an option to mask any
potential antibiotic-associated bitterness [18, 29, 30].
The choice of the mode of antibiotic administration

should also take into account the type of physiological



Fig. 4 Effect of antibiotics on body composition in mice. Fat and lean masses at Day 7 and Day 26 (values are expressed as percentage of body
weight; means ± SEMs, n = 9–10; Labeled means without a common letter differ, P < 0.05; Kruskal-Wallis test with Dunn’s correction)
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parameters and phenotypes that will be evaluated during
animal experiments. Animal behavior monitoring or
measuring of parameters strongly affected by animal
stress, such as intestinal permeability for example, might
be difficult to assess if antibiotics are provided by daily
gavages. Indeed, this procedure may strongly modify the
basal level of animal stress (by either increasing it due to
the repeated handling of animals or, in contrast, decreas-
ing it via a “nursing” effect) and thus confounds the in-
terpretation of results. Administration of antibiotics via
drinking water for these particular parameters/pheno-
types would then constitute the best alternative to limit
interventions on animals.

Conclusions
Considering the current huge interest for elucidating
the role of the gut microbiota in human health and
disease, the use of microbiota-depleted animal models
will become more and more frequent. Selecting the
most appropriate depletion protocol will be critical
for these future studies to ensure the accuracy, repro-
ducibility and the translation of the obtained results
to humans.

Methods
Animals
Eight-weeks-old C57Bl/6JRj male mice (Janvier Labs, Le-
Genest-Saint-Isle, France) were housed at 23 °C (5 ani-
mals/cage) with a 12-h light-dark cycle (light phase from
7:00 am to 7:00 pm) in regular open cages. All animals
were fed with a non-sterilized standard rodent diet
(3430.PM.S10, Serlab, France). Drinking water was not
sterilized. After 1 week of acclimatization to the animal
facility, animals were split in four groups (5 animals/
group): one group had no antibiotic treatment and were
gavaged twice a day with drinking water (no ATB
group), one group received antibiotics by oral gavage
twice a day at 10:00 am and 5:00 pm (2xG-ATB group),
one group received antibiotics by oral gavage once a day
at 10:00 am (1xG-ATB group) and one group received
antibiotics directly added in drinking water (DW-ATB
group). For antibiotics added directly in drinking water,
the final concentrations used were: 0.01 mg/mL
Amphotericin-B (Sigma-aldrich), 1 mg/mL Ampicillin
(Sigma-aldrich), 1 mg/mL Neomycin trisulfate salt hy-
drate (Sigma-aldrich), 1 mg/mL Metronidazole and 0.5
mg/mL Vancomycin hydrochloride (Sigma-aldrich)
(these concentrations were based on the estimation of a
daily drunk volume of 5 mL per animal) [10]. Antibiotic-
containing drinking water was renewed every day. For
oral gavages, mice received a volume of 10 μL/g body
weight of drinking water supplemented with 0.1 mg/mL
Amphotericin-B, 10 mg/mL Ampicillin, 10 mg/mL Neo-
mycin trisulfate salt hydrate, 10 mg/mL Metronidazole
and 5mg/mL Vancomycin hydrochloride [13]. This so-
lution was delivered with a stainless steel tube without
prior sedation of the mice. To prevent fungal overgrowth
in the antibiotic-treated animals, mice were pre-treated
with Amphotericin-B for 3 days before the beginning of
the protocol [13]. As for antibiotic treatment,
Amphotericin-B was either directly added in drinking
water (final concentration of 0.01 mg/mL) for the DW-
ATB group, or delivered by oral gavage for 1xG-ATB
and 2xG-ATB groups (10 μL/g body weight of drinking
water supplemented with 0.1 mg/mL Amphotericin-B)
[13]. Four independent animal series were performed. At
the end of the study, all animals were euthanized by an
intraperitoneal injection of an overdose of ketamine
(200 mg/kg BW) and xylazine (20 mg/kg BW). Cessation
of heartbeats and non-responsiveness to noxious
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stimulus (hind paw pinch) were used as criteria to verify
death.

Quantification of fecal bacterial density by flow
cytometry
Fecal samples were weighted, resuspended in 1X PBS (in
order to obtain 2% weight/volume fecal suspensions)
and mechanically homogenized by a bead-beating step
(5 min of beating after addition of 2 glass beads per sam-
ple). Debris from fecal suspensions were removed by
centrifugation (20 s at 300×g at room temperature).
Clarified fecal suspensions were further diluted 200
times in 1X PBS, stained for 15 min with Syto™ BC (1:
2000 dilution; Molecular Probes) and fixed overnight in
1X PBS-0.5% PFA. In parallel, an overnight culture of E.
coli grown in LB was prepared. Bacteria were centrifuged
at 18,000×g for 5 min at room temperature and resus-
pended in 1X PBS. Several dilutions of E. coli were pre-
pared (5.106 to 2.104 bacteria/mL) and stained for 15
min with Syto™ BC (1:2000 dilution). E. coli were then
fixed overnight in 1X PBS-0.5% PFA. Bacterial density of
the initial E. coli culture was determined in parallel by
plating and quantifying colony-forming units. These sus-
pensions of stained E. coli were used in each experiment
to validate the efficiency of bacterial detection and the
linearity of bacterial numeration. Calibrating beads were
added to fecal and E. coli samples to allow for absolute
quantification by flow cytometry (polystyrene micro-
spheres; Bacteria Counting Kit, Molecular Probes).
Microbial cells numeration was performed using a

LSRFortessa™ flow cytometer (Becton Dickinson), ac-
cording to previously published methods [21, 31]. Exci-
tations were performed at 488 and 561 nm, while
fluorescence intensities were collected at 530 ± 30 nm
and 670 ± 30 nm respectively. The FlowJo software
(TreeStar Inc.) was used to gate and separate the micro-
bial fluorescence events from the fecal sample back-
ground. Non-stained fecal samples and 1x PBS solution
were used to define the gates. Instrument settings and
gating strategy were kept identical for all samples.

Quantification of fecal microorganisms by quantitative
PCR
Quantitative real-time polymerase chain reaction (qPCR)
was performed on DNA samples extracted from mice
feces to monitor the level of several bacterial and fungal
taxa, as described previously [32, 33]. In brief, DNA
from mice feces were extracted using the QIAamp DNA
Stool Mini Kit (QIAGEN), including a bead-beating step
(0.1 mm zirconia silica beads, BioSpec products, Bartles-
ville, USA) [34]. To quantify bacterial taxa, qPCR were
performed using Itaq Universal SYBR Green Supermix
(BioRad) with 16S rRNA specific primers. To quantify
fungi, qPCR were performed using Itaq Universal Probes
Supermix (BioRad) with 18S rRNA specific primers and
a FAM-labeled probe. Primer and probe sequences are
detailed in Table S1. Serial dilutions of fecal DNA were
included on each plate to generate a relative curve and
to integrate primer efficiency in the calculations. For the
detection of total Eubacteria, the Cq of each sample
were compared with a standard curve made by diluting
genomic DNA extracted from a pure culture of E. coli,
for which cell counts were determined by plating and
quantifying colony-forming units.

Quantification of fecal moisture content
Fecal moisture content was determined as the percent-
age of fecal mass loss after lyophilization (48 h at 37 °C).

Whole body composition
Whole body composition was assessed on vigil animals
at Day 7 and Day 26 using nuclear magnetic resonance
(EchoMRI EMR-185, Houston, Texas, USA).

Statistical analysis
Comparison of fecal bacterial density between groups at
different time points during the protocol and lean and
fat masses between groups at Day 7 and 26 were per-
formed using Kruskal-Wallis test with Dunn’s correc-
tion. Comparison of bacterial and fungal taxa levels
quantified by qPCR were performed using one-way
ANOVA with Tukey’s correction. Comparison of fecal
moisture content between groups at different time
points during the protocol were performed using one-
way ANOVA with Holm-Sidak’s correction. Statistical
analyses were performed with GraphPad Prism 6
(GraphPad Software, San Diego, USA). Principal compo-
nents analyses were computed with MATLAB (version
R2018a, The Mathworks, Inc.; Natick, USA).

Supplementary Information
Supplementary information accompanies this paper at https://doi.org/10.
1186/s12866-020-02018-9.

Additional file 1: Figure S1. Comparison between flow cytometry and
qPCR-based quantifications of fecal bacterial densities. Analysis by both
flow cytometry and qPCR-based methods of 54 fecal samples collected
from mice treated or not with antibiotics during 4, 7 or 12 days. The bac-
terial densities measured by these two methods are strongly correlated
(Spearman’s correlation coefficient r = 0.85; two-tailed P < 0.0001).

Additional file 2: Figure S2. Hyperproliferation of the Escherichia/
Shigella taxon in mice receiving antibiotics by oral gavage once per day.
A. Principal components analyses at Day 7 of mice treated or not with
antibiotics, based on the quantification of nine bacterial and fungal taxa
by qPCR. Two independent experiments are represented, which both
exhibit a weak decrease in fecal bacterial density at Day 7 for mice
receiving antibiotics by oral gavage once per day. B, Relative
quantification by qPCR of the Eubacteria and Escherichia/Shigella taxa in
mouse feces at Day 7 of the experiments shown in (A) (values are
expressed as fold-change of the mean abundance in untreated mice and
represented as whisker plots with minimum and maximum values, n = 4–
5 per group; Labeled plots without a common letter differ; P < 0.05, one-
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https://doi.org/10.1186/s12866-020-02018-9


Tirelle et al. BMC Microbiology          (2020) 20:340 Page 9 of 10
way ANOVA with Tukey’s correction). In both experiments, the weak de-
crease in fecal bacterial density for mice receiving antibiotics by oral gav-
age once per day is correlated with an hyperproliferation of the
Escherichia/Shigella taxon.

Additional file 3 :Table S1. Primer and probe sequences.

Abbreviations
ATB: antibiotics; DW: Drinking water; 1xG/2xG: 1 gavage per day/2 gavages
per day; PBS: Phosphate Buffered Saline; PFA: Paraformaldehyde; LB: Luria
broth

Acknowledgements
Not applicable

Authors’ contributions
Conceptualization, DR; Data curation, DR; Funding acquisition, PD, MC and
DR; Investigation, PT, JB and DR; Methodology, GR; Supervision, PD, MC and
DR; Visualization, JB and DR; Writing – original draft, DR; Writing – Review &
Editing, DR. All authors read and approved the final manuscript.

Funding
This work was supported by INSERM, Rouen University, the iXcore
Foundation for Research, the Microbiome Foundation, the Roquette
Foundation for Health, Janssen Horizon, the European Union and Normandie
Regional Council. Europe gets involved in Normandie with European
Regional Development Fund (ERDF). The funders had no role in the design
of the study and collection, analysis, and interpretation of data, nor in
writing the manuscript.

Availability of data and materials
All data generated or analyzed during this study are included in this
published article.

Ethics approval and consent to participate
Animal care and experimentation were approved by a regional Animal
Experimentation Ethics Committee (APAFIS#21102–2019061810387832 v2)
and complied with the guidelines of the European Commission for the
handling of laboratory animals (Directive 2010/63/EU). All efforts were made
to minimize suffering of animals.

Consent for publication
Not applicable.

Competing interests
The authors declare that they have no competing interests.

Author details
1UNIROUEN, INSERM UMR 1073, Nutrition, Inflammation et dysfonction de
l’axe intestin-cerveau, Normandie University, Rouen, France. 2UNIROUEN,
Institute for Research and Innovation in Biomedicine (IRIB), Normandie
University, Rouen, France. 3Nutrition Department, Rouen University Hospital,
Rouen, France. 4UNIROUEN, INSERM UMR 1234, PANTHER, Flow cytometry
facility, Normandie University, Rouen, France. 5INSERM UMR1073, Université
de Rouen, UFR Santé - 22 Boulevard Gambetta, 76183 Rouen Cedex, France.

Received: 1 May 2020 Accepted: 22 October 2020

References
1. Sender R, Fuchs S, Milo R. Revised estimates for the number of human and

Bacteria cells in the body. PLoS Biol. 2016;14(8):e1002533. https://doi.org/10.
1371/journal.pbio.1002533.

2. Rosenbaum M, Knight R, Leibel RL. The gut microbiota in human energy
homeostasis and obesity. Trends Endocrinol Metab. 2015;26(9):493–501.
https://doi.org/10.1016/j.tem.2015.07.002.

3. Cani PD. Gut microbiota - at the intersection of everything? Nat Rev
Gastroenterol Hepatol. 2017;14(6):321–2. https://doi.org/10.1038/nrgastro.
2017.54.
4. Lynch SV, Pedersen O. The human intestinal microbiome in health and
disease. N Engl J Med. 2016;375(24):2369–79. https://doi.org/10.1056/
NEJMra1600266.

5. Cussotto S, Sandhu KV, Dinan TG, Cryan JF. The neuroendocrinology of the
microbiota-gut-brain Axis: a Behavioural perspective. Front Neuroendocrinol.
2018;51:80–101. https://doi.org/10.1016/j.yfrne.2018.04.002.

6. Breton J, Déchelotte P, Ribet D. Intestinal microbiota and anorexia nervosa.
Clin Nutr Exp. 2019;28:11–21. https://doi.org/10.1016/j.yclnex.2019.05.001.

7. Le Roy T, Debedat J, Marquet F, Da-Cunha C, Ichou F, Guerre-Millo M, et al.
Comparative evaluation of microbiota engraftment following fecal
microbiota transfer in mice models: age, kinetic and microbial status matter.
Front Microbiol. 2018;9:3289. https://doi.org/10.3389/fmicb.2018.03289.

8. Kennedy EA, King KY, Baldridge MT. Mouse microbiota models: comparing
germ-free mice and antibiotics treatment as tools for modifying gut bacteria.
Front Physiol. 2018;9:1534. https://doi.org/10.3389/fphys.2018.01534.

9. Lundberg R, Toft MF, August B, Hansen AK, Hansen CH. Antibiotic-treated
versus germ-free rodents for microbiota transplantation studies. Gut
Microbes. 2016;7(1):68–74. https://doi.org/10.1080/19490976.2015.1127463.

10. Rakoff-Nahoum S, Paglino J, Eslami-Varzaneh F, Edberg S, Medzhitov R.
Recognition of commensal microflora by toll-like receptors is required for
intestinal homeostasis. Cell. 2004;118(2):229–41. https://doi.org/10.1016/j.cell.
2004.07.002.

11. Ochoa-Reparaz J, Mielcarz DW, Ditrio LE, Burroughs AR, Foureau DM,
Haque-Begum S, et al. Role of gut commensal microflora in the
development of experimental autoimmune encephalomyelitis. J Immunol.
2009;183(10):6041–50. https://doi.org/10.4049/jimmunol.0900747.

12. Hill DA, Hoffmann C, Abt MC, Du Y, Kobuley D, Kirn TJ, et al. Metagenomic
analyses reveal antibiotic-induced temporal and spatial changes in intestinal
microbiota with associated alterations in immune cell homeostasis. Mucosal
Immunol. 2010;3(2):148–58. https://doi.org/10.1038/mi.2009.132.

13. Reikvam DH, Erofeev A, Sandvik A, Grcic V, Jahnsen FL, Gaustad P, et al.
Depletion of murine intestinal microbiota: effects on gut mucosa and
epithelial gene expression. PLoS One. 2011;6(3):e17996. https://doi.org/10.
1371/journal.pone.0017996.

14. Kuss SK, Best GT, Etheredge CA, Pruijssers AJ, Frierson JM, Hooper LV, et al.
Intestinal microbiota promote enteric virus replication and systemic
pathogenesis. Science. 2011;334(6053):249–52. https://doi.org/10.1126/
science.1211057.

15. Oh JZ, Ravindran R, Chassaing B, Carvalho FA, Maddur MS, Bower M, et al.
TLR5-mediated sensing of gut microbiota is necessary for antibody
responses to seasonal influenza vaccination. Immunity. 2014;41(3):478–92.
https://doi.org/10.1016/j.immuni.2014.08.009.

16. Hintze KJ, Cox JE, Rompato G, Benninghoff AD, Ward RE, Broadbent J, et al.
Broad scope method for creating humanized animal models for animal
health and disease research through antibiotic treatment and human fecal
transfer. Gut Microbes. 2014;5(2):183–91. https://doi.org/10.4161/gmic.28403.

17. Yan J, Herzog JW, Tsang K, Brennan CA, Bower MA, Garrett WS, et al. Gut
microbiota induce IGF-1 and promote bone formation and growth. Proc
Natl Acad Sci U S A. 2016;113(47):E7554–E63. https://doi.org/10.1073/pnas.
1607235113.

18. Emal D, Rampanelli E, Stroo I, Butter LM, Teske GJ, Claessen N, et al. Depletion
of gut microbiota protects against renal ischemia-reperfusion injury. J Am Soc
Nephrol. 2017;28(5):1450–61. https://doi.org/10.1681/ASN.2016030255.

19. Li F, Hao X, Chen Y, Bai L, Gao X, Lian Z, et al. The microbiota maintain
homeostasis of liver-resident gammadeltaT-17 cells in a lipid antigen/CD1d-
dependent manner. Nat Commun. 2017;7:13839. https://doi.org/10.1038/
ncomms13839.

20. Hugon P, Lagier JC, Robert C, Lepolard C, Papazian L, Musso D, et al.
Molecular studies neglect apparently gram-negative populations in the
human gut microbiota. J Clin Microbiol. 2013;51(10):3286–93. https://doi.
org/10.1128/JCM.00473-13.

21. Vandeputte D, Kathagen G, D'Hoe K, Vieira-Silva S, Valles-Colomer M, Sabino J, et al.
Quantitative microbiome profiling links gut community variation to microbial load.
Nature. 2017;551(7681):507–11. https://doi.org/10.1038/nature24460.

22. Gensollen T, Iyer SS, Kasper DL, Blumberg RS. How colonization by
microbiota in early life shapes the immune system. Science. 2016;352(6285):
539–44. https://doi.org/10.1126/science.aad9378.

23. Ge X, Ding C, Zhao W, Xu L, Tian H, Gong J, et al. Antibiotics-induced
depletion of mice microbiota induces changes in host serotonin
biosynthesis and intestinal motility. J Transl Med. 2017;15(1):13. https://doi.
org/10.1186/s12967-016-1105-4.

https://doi.org/10.1371/journal.pbio.1002533
https://doi.org/10.1371/journal.pbio.1002533
https://doi.org/10.1016/j.tem.2015.07.002
https://doi.org/10.1038/nrgastro.2017.54
https://doi.org/10.1038/nrgastro.2017.54
https://doi.org/10.1056/NEJMra1600266
https://doi.org/10.1056/NEJMra1600266
https://doi.org/10.1016/j.yfrne.2018.04.002
https://doi.org/10.1016/j.yclnex.2019.05.001
https://doi.org/10.3389/fmicb.2018.03289
https://doi.org/10.3389/fphys.2018.01534
https://doi.org/10.1080/19490976.2015.1127463
https://doi.org/10.1016/j.cell.2004.07.002
https://doi.org/10.1016/j.cell.2004.07.002
https://doi.org/10.4049/jimmunol.0900747
https://doi.org/10.1038/mi.2009.132
https://doi.org/10.1371/journal.pone.0017996
https://doi.org/10.1371/journal.pone.0017996
https://doi.org/10.1126/science.1211057
https://doi.org/10.1126/science.1211057
https://doi.org/10.1016/j.immuni.2014.08.009
https://doi.org/10.4161/gmic.28403
https://doi.org/10.1073/pnas.1607235113
https://doi.org/10.1073/pnas.1607235113
https://doi.org/10.1681/ASN.2016030255
https://doi.org/10.1038/ncomms13839
https://doi.org/10.1038/ncomms13839
https://doi.org/10.1128/JCM.00473-13
https://doi.org/10.1128/JCM.00473-13
https://doi.org/10.1038/nature24460
https://doi.org/10.1126/science.aad9378
https://doi.org/10.1186/s12967-016-1105-4
https://doi.org/10.1186/s12967-016-1105-4


Tirelle et al. BMC Microbiology          (2020) 20:340 Page 10 of 10
24. Grasa L, Abecia L, Forcen R, Castro M, de Jalon JA, Latorre E, et al.
Antibiotic-induced depletion of murine microbiota induces mild
inflammation and changes in toll-like receptor patterns and intestinal
motility. Microb Ecol. 2015;70(3):835–48. https://doi.org/10.1007/s00248-015-
0613-8.

25. Wichmann A, Allahyar A, Greiner TU, Plovier H, Lunden GO, Larsson T, et al.
Microbial modulation of energy availability in the colon regulates intestinal
transit. Cell Host Microbe. 2013;14(5):582–90. https://doi.org/10.1016/j.chom.
2013.09.012.

26. Vandeputte D, Falony G, Vieira-Silva S, Tito RY, Joossens M, Raes J. Stool
consistency is strongly associated with gut microbiota richness and
composition, enterotypes and bacterial growth rates. Gut. 2016;65(1):57–62.
https://doi.org/10.1136/gutjnl-2015-309618.

27. Hadizadeh F, Walter S, Belheouane M, Bonfiglio F, Heinsen FA, Andreasson
A, et al. Stool frequency is associated with gut microbiota composition. Gut.
2017;66(3):559–60. https://doi.org/10.1136/gutjnl-2016-311935.

28. Barrett KE. Endogenous and exogenous control of gastrointestinal epithelial
function: building on the legacy of Bayliss and Starling. J Physiol. 2017;
595(2):423–32. https://doi.org/10.1113/JP272227.

29. Abt MC, Osborne LC, Monticelli LA, Doering TA, Alenghat T, Sonnenberg
GF, et al. Commensal bacteria calibrate the activation threshold of innate
antiviral immunity. Immunity. 2012;37(1):158–70. https://doi.org/10.1016/j.
immuni.2012.04.011.

30. Baldridge MT, Nice TJ, McCune BT, Yokoyama CC, Kambal A, Wheadon M,
et al. Commensal microbes and interferon-lambda determine persistence of
enteric murine norovirus infection. Science. 2015;347(6219):266–9. https://
doi.org/10.1126/science.1258025.

31. Prest EI, Hammes F, Kotzsch S, van Loosdrecht MC, Vrouwenvelder JS.
Monitoring microbiological changes in drinking water systems using a fast
and reproducible flow cytometric method. Water Res. 2013;47(19):7131–42.
https://doi.org/10.1016/j.watres.2013.07.051.

32. Breton J, Tirelle P, Hasanat S, Pernot A, L’huillier C, do Rego JC, et al. Gut
microbiota alteration in a mouse model of Anorexia Nervosa. Clin Nutr.
2020. https://doi.org/10.1016/j.clnu.2020.05.002.

33. Liu CM, Kachur S, Dwan MG, Abraham AG, Aziz M, Hsueh PR, et al.
FungiQuant: a broad-coverage fungal quantitative real-time PCR assay. BMC
Microbiol. 2012;12:255. https://doi.org/10.1186/1471-2180-12-255.

34. Doré J, Ehrlich SD, Levenez F, Pelletier E, Alberti A, Bertrand L, et al. IHMS_
SOP 06 V1: standard operating procedure for fecal samples DNA extraction,
protocol Q. Int Hum Microb Stand. 2015..

Publisher’s Note
Springer Nature remains neutral with regard to jurisdictional claims in
published maps and institutional affiliations.

https://doi.org/10.1007/s00248-015-0613-8
https://doi.org/10.1007/s00248-015-0613-8
https://doi.org/10.1016/j.chom.2013.09.012
https://doi.org/10.1016/j.chom.2013.09.012
https://doi.org/10.1136/gutjnl-2015-309618
https://doi.org/10.1136/gutjnl-2016-311935
https://doi.org/10.1113/JP272227
https://doi.org/10.1016/j.immuni.2012.04.011
https://doi.org/10.1016/j.immuni.2012.04.011
https://doi.org/10.1126/science.1258025
https://doi.org/10.1126/science.1258025
https://doi.org/10.1016/j.watres.2013.07.051
https://doi.org/10.1016/j.clnu.2020.05.002
https://doi.org/10.1186/1471-2180-12-255

	Abstract
	Background
	Results
	Conclusions

	Background
	Results
	Discussion
	Conclusions
	Methods
	Animals
	Quantification of fecal bacterial density by flow cytometry
	Quantification of fecal microorganisms by quantitative PCR
	Quantification of fecal moisture content
	Whole body composition
	Statistical analysis

	Supplementary Information
	Abbreviations
	Acknowledgements
	Authors’ contributions
	Funding
	Availability of data and materials
	Ethics approval and consent to participate
	Consent for publication
	Competing interests
	Author details
	References
	Publisher’s Note

